Disulfide bonds are important structural moieties of proteins: they ensure proper folding, provide stability, and ensure proper function. With the increasing use of proteins for biotherapeutics, particularly monoclonal antibodies, which are highly disulfide bonded, it is now important to confirm the correct disulfide bond connectivity and to verify the presence, or absence, of disulfide bond variants in the protein therapeutics. These studies help to ensure safety and efficacy. Hence, disulfide bonds are among the critical quality attributes of proteins that have to be monitored closely during the development of biotherapeutics. However, disulfide bond analysis is challenging because of the complexity of the biomolecules. Mass spectrometry (MS) has been the go-to analytical tool for the characterization of such complex biomolecules, and several methods have been reported to meet the challenging task of mapping disulfide bonds in proteins. In this review, we describe the relevant, recent MS-based techniques and provide important considerations needed for efficient disulfide bond analysis in proteins. The review focuses on methods for proper sample preparation, fragmentation techniques for disulfide bond analysis, recent disulfide bond mapping methods based on the fragmentation techniques, and automated algorithms designed for rapid analysis of disulfide bonds from liquid chromatography-MS/MS data. Researchers involved in method development for protein characterization can use the information herein to facilitate development of new MS-based methods for protein disulfide bond analysis. In addition, individuals characterizing biotherapeutics, especially by disulfide bond mapping in antibodies, can use this review to choose the best strategies for disulfide bond assignment of their biologic products.
Introduction

Disulfide bond formation and importance in proteins
Disulfide bonds are posttranslational modifications in proteins formed between the sulfur atoms of two cysteine (Cys) residues during the biosynthesis of the proteins in the cell. The formation of the covalent bond results from oxidation of the free thiol (-SH) side chains of the Cys residues, primarily catalyzed by enzymes, including protein disulfide isomerase and endoplasmic reticulum oxidoreductin 1 [1, 2] . A significant number of proteins contain disulfide bonds. On the basis of the known tertiary structures of 817 plasma proteins that contain 4594 disulfide bonds, Butera et al. [3] estimated the ratio of proteins to disulfide bonds as 1:5. Hence, the approximately 2000 plasma proteins identified by Farrah et al. [4] would contain about 10,000 disulfide bonds, representing an enormous number of disulfide bonds in plasma proteins alone. Disulfide bonds are important in protein folding, and they have both structural and functional roles in the proteins.
Structurally, disulfide bonds ensure proper folding of proteins; they can lead to structural isoforms [5] , and they stabilize the native high-order conformations of the proteins that are necessary to execute their biological functions [6, 7] . The concept of disulfide engineering is, therefore, an attractive choice in biotechnology as nonnative disulfide bonds can be engineered into proteins to increase protein stability. For instance, some proteins that initially lacked disulfide bonds have been shown to be more stable with engineered disulfides [8, 9] , and the stability of proteins with native disulfide bonds increased with the introduction of additional disulfide bonds [10] [11] [12] [13] . In some cases, engineered disulfide bonds increased the protein's half-life [8, 14] , reduced self-aggregation [15] , and decreased immunogenicity [16] . Besides proteins, peptides with engineered disulfide bonds have also shown increased stability and half-life [17, 18] . Although these examples demonstrate the benefits of additional disulfide bonds in proteins and peptides, not all engineered disulfide bonds produce the expected increase in protein stability [19] .
Some disulfide bonds, known as allosteric disulfides, are responsible for effective biological functions of proteins, and the cleavage of such bonds would lead to a change in the protein activity [20] . The functional roles of allosteric disulfide bonds in blood and cancer cells have been extensively reviewed by Butera et al. [3] and Hogg [21] . A recent report showed that reduction and alkylation of some disulfide bonds in rituximab and trastuzumab, IgG1-based drugs, increased the binding affinity of the modified drug to some Fc gamma receptor isotypes [22, 23] , but also led to decreased binding to other Fc gamma receptors [23] . In some cases, mutation of Cys residues involved in disulfide bonds may have no effect on the protein's biological activity, as is the case of an anti-CD44 IgG2 antibody where Cys to serine mutations led to structural changes but had no impact on the binding of the protein to receptors and to complement C1 [24] . However, this may not be the case for all IgG2 antibodies.
Mapping the disulfide connectivity pattern in proteins, therefore, provides important information for research pertaining to protein stability, structure-function relationships, and any disulfide-mediated isoforms of proteins. In addition, disulfide bond characterization is of high importance during the development of biopharmaceuticals to ensure the safety and potency of biologics, which have increased dramatically in the drug market in recent years. Hence, there is an increasing demand for efficient analytical methods for accurate characterization of disulfide bonds in proteins, particularly therapeutic proteins.
Disulfide bonds in biotherapeutics
Protein disulfide bond characterization has become even more important in the biopharmaceutical industry because of the increasing use of recombinant proteins as biotherapeutics (biologics) for the treatment of diseases such as cancer, arthritis, asthma, and diabetes [25, 26] , and as vaccines against various diseases [27, 28] . These biologics are from a vast array of protein classes, including hormones [25, 29] , monoclonal antibodies [25, 26, 30] , and growth factors [31, 32] . All these classes of biomolecules contain proteins that are disulfide bonded. Among these proteins, IgG antibodies, which are highly disulfide bonded (16 disulfide bonds for IgG1 and IgG4, 18 disulfide bonds for IgG2, and 25 disulfide bonds for IgG3) [33] , and IgG-based therapeutics are the most prevalent in the market. As such, disulfide bonds are one of the many critical quality attributes of antibody-based drugs that have to be monitored throughout their development stages, as disulfide bond reduction and scrambling can occur in biotherapeutics during manufacturing [34, 35] and storage [36, 37] . Figure 1 shows the disulfide bonding patterns of the four main classes of IgGs. The presence of free Cys residues (reduced disulfide bonds) has been reported during manufacture, and they can lead to the formation of nonnative disulfide bonds and aggregates [38, 39] , and possibly cause immunogenicity and loss of biological activity of the biotherapeutics. Hence, disulfide bond characterization is necessary during biologic development to confirm the correct disulfide connectivity and to verify the presence, or absence, of disulfide bond variants so as to ensure the safety and efficacy of the drugs. In addition, regulatory agencies require comprehensive characterization of the disulfide bond pattern in biomolecules to meet the quality by design requirements for biologics [40, 41] , hence the need for effective methods to map disulfide bonds in biotherapeutics.
Analytical methods for disulfide bond characterization
Several methods for disulfide bond analysis in proteins have been developed that use a variety of analytical techniques, including NMR spectroscopy [42] [43] [44] , X-ray crystallography [45] , Edman degradation [5, 46] , diagonal paper electrophoresis [47, 48] , and liquid chromatography (LC) coupled with mass spectrometry (MS) [49] [50] [51] , which is the focus of this review. NMR spectroscopy and X-ray crystallography provide information about disulfide bonds at the molecular level, but they require significant amounts of highly pure samples, and they are not typically used for disulfide bond mapping because of the low throughput of solving structures by these methods. Traditional methods, such as Edman degradation and diagonal paper electrophoresis, were the prominent methods for disulfide bond mapping in the early 1960s, although Edman degradation methods (in combination with MS) were still sparingly used toward the end of the first decade of this century [5, 46] . With the advent of MS, liquid chromatographic-mass spectrometric and liquid chromatographic-tandem mass spectrometric methods have become the go-to methods for disulfide bond mapping in proteins.
Bottom-up MS is the most widely used method for disulfide bond analysis in proteins. The attractive aspects of the bottom-up approach include the availability of a variety of enzymes to digest the large biomolecules into small pieces (peptides containing intact disulfide bonds) that are easier to analyze, several soft ionization techniques, complementary fragmentation techniques, and the ability to couple mass spectrometers with LC systems for separation of the enzymatic digests before mass spectrometric analysis. Key challenges in the use of MS for disulfide bond analysis include proteins with high Cys content and complex disulfide connectivity, prevention of disulfide bond scrambling during sample preparation, the determination of low levels of nonnative disulfide bonds, quantitation of disulfide-bond-mediated protein isoforms, and choosing the appropriate method (or fragmentation technique) to assign the disulfide bonds in a protein, especially proteins containing complex disulfide patterns. Numerous methods for disulfide bond analysis have been developed, in part, to address these challenges.
In the following sections, we review the recent bottom-up mass spectrometric methods for disulfide bond analysis and provide important considerations for the steps involved. A number of reviews of disulfide bond analysis containing additional methods that were developed before 2007 have been published [49] [50] [51] . Herein, we begin by taking an in-depth look at sample preparation, which is a key step in the successful mapping of native and alternative disulfide bonds in Fig. 1 Structures showing the typical disulfide bond (DSB) patterns of the four classes of IgG antibodies. The black and red parts represent the constant (C) and variable (V) regions, respectively. H represents the heavy chain, and L represents the light chain. VL and CL are domains on the light chain, and VH, CH1, hinge, CH2, and CH3 are domains on the heavy chain. IgG3 has a 15-residue segment in the hinge region that is repeated three times; each of the segments contains three DSBs proteins. We provide several important tips to prevent the introduction of disulfide artifacts (or scrambling) during sample preparation. Finally, we discuss the fragmentation characteristics of disulfide-linked peptides when they are subjected to various mass spectrometric dissociation techniques that are important for disulfide bond mapping and describe recent MSbased disulfide bond characterization methods that have been developed in the past decade.
Sample preparation for bottom-up mass spectrometric disulfide bond analysis
Overview of sample preparation methods
Sample preparation is a critical step in bottom-up mass spectrometric disulfide bond analysis. In general, the analysis is usually performed in one of two ways: nonreduced (intact) analysis or reduced/intact analysis. The sample preparation workflow for the nonreduced approach, which is the most commonly used method, is shown in Fig. 2 . This approach requires alkylation of any free Cys residues, deglycosylation (for glycoproteins, and only if necessary; see BSample preparation of glycoproteins^for more details), proteolytic digestion of the protein without disulfide bond reduction, and investigation of the disulfide-linked peptides to decipher the disulfide connectivity in the protein [52] [53] [54] . For the intact/ reduced approach, two batches of enzymatically digested samples are prepared: one with the disulfide bonds intact (same as the previous approach) and the other with reduced disulfide bonds. The disulfide connectivity of the protein is determined by comparison of the peptide map profiles (LC profiles) of the two sample batches [55, 56] . The disulfide bond analysis methods that are based on these sample preparation approaches are discussed fully in BFragmentation techniques for disulfide bond analysis.P reventing disulfide bond artifacts during sample preparation A major requirement during sample preparation is to prevent the formation of nonnative disulfide bonds (disulfide bond artifacts). To this end, a number of methods aimed at efficiently mapping disulfide bonds in proteins without the formation of disulfide artifacts during sample preparation have been reported recently [57, 58] . Disulfide bond artifacts can be introduced during sample preparation by three main routes: (1) reaction between two free Cys residues, (2) reaction between a free Cys residue and a disulfide, and (3) reaction between two Cys residues that were formerly involved in a disulfide bond [59] [60] [61] [62] ; these possible routes of disulfide bond formation are illustrated in Fig. 3 . These reactions are highly favored at alkaline pH [63, 64] and high temperatures [63, 65, 66] , where disulfide scrambling usually occurs, especially for proteins containing free thiols. Besides pH and temperature, the thiol size, the disulfide size, and the steric effects (exposure) of the thiols can also affect the formation of scrambled disulfide bonds, as shown by Kerr et al. [64] , but these factors cannot be controlled during sample preparation.
Temperature, pH, and the availability of free Cys are the critical factors that must be controlled during sample preparation to prevent the formation of nonnative disulfide bonds. Generally, samples for disulfide bond analysis are prepared at room temperature and then subjected to enzymatic digestion at 37°C, and such low temperatures do not trigger any Cys reaction or disulfide bond shuffling [63] . However, pH tremendously affects disulfide bond or Cys reactivity, even at room temperature, and must be carefully controlled during sample preparation [63, 64] . Sample preparation should be done at slightly acidic pH because at alkaline pH, free thiols are deprotonated, and the resulting thiolate anions are oxidized or react with adjacent disulfide bonds (thiol-disulfide exchange) to form new, nonnative disulfide bonds. The thiol groups that are more exposed to solvent will be more reactive than those that are not exposed [64] .
Therefore, the first step during sample preparation for disulfide analysis is to cap any free Cys residues to prevent the formation of nonnative disulfide bonds. This step is important even for proteins for which all the Cys residues are expected to be in the disulfide-bonded state because low levels of free Cys residues could be present. For example, although all the Cys residues in the four classes of IgG are expected to be disulfide bonded, low levels of free Cys residues have been detected in all four IgG classes [33] , and the free Cys residues can induce disulfide artifacts if they are not alkylated or not properly alkylated. Commonly used Cys alkylating reagents include iodoacetamide (IAM), iodoacetic acid (IAA), and Nethylmaleimide (NEM) [67, 68] . Rogers et al. [68] showed that NEM is a more suitable alkylating agent for protein thiols than IAM and IAA because it reacts faster, requires less reagent per mole of free Cys, and is very effective at acidic pH (pH 4.3-7.0), while the other reagents are most effective at alkaline pH (pH 8.0), where thiol-disulfide exchange and free Cys oxidation reactions can compete with alkylation and lead to low levels of nonnative disulfide bonds. Recently, Lu et al. [69] reported low levels of disulfide artifacts when disulfide bond mapping of RNase A was done after alkylation of free thiols with IAM and IAA at pH 6.5, but no artifacts were identified when NEM was used at the same pH, indicating that IAM and IAA do not properly alkylate free thiols at slightly acidic pH.
Digestion
Proteins can be digested either chemically or enzymatically [70] . Enzymatic digestion is the most widely used protein digestion approach, and there are a variety of enzymes to choose from, as reviewed by Switzer et al. [70] . Figure 4 shows different types of disulfide-linked peptides that can result from protein digestion. Selecting an appropriate enzyme for effective digestion is important because the enzyme used will determine the types of disulfide-bonded peptides in the protein digest (Fig. 4) . In selecting an enzyme, the goal is usually to choose one that produces more Bsimple^interchain disulfide-linked peptides, preferably with only one interchain disulfide bond and with bonded chains of appropriate lengths (4-15 amino acid residues). Such simple dipeptides can be easily mapped manually and with existing analysis software (software is discussed in BSoftware for automated disulfide bond assignment^). The best enzyme for generating optimally simple disulfides can be found by conducting an in silico digestion of the protein using different enzymes. Two important questions that can help in selecting a suitable enzyme are: (1) What are the sizes (number of disulfide-bonded peptide chains and the length of each chain) of the disulfide-linked peptides? and (2) How complex is the disulfide connectivity of the disulfide-linked peptides? That is, are there only interchain disulfide bonds, interchain and intrachain disulfide bonds, nested intrachain disulfide bonds, etc.? If a single enzyme does not yield disulfide-bonded peptides with simple interchain disulfide bonds, a combination of enzymes can be used [71, 72] . However, it is worth noting that use of multiple enzymes could lead to very short disulfidebonded peptides, which may not be retained in reversedphase columns, thus making disulfide assignment difficult. In such cases, a planned digestion that deliberately ensures missed cleavages so as to obtain longer peptide chains might be necessary [72] . In addition to the type of disulfide-bonded peptides generated, another important consideration is the digestion efficiency of the enzyme used. Glatter et al. [73] studied several protein digestion strategies and showed that a combination of trypsin and Lys-C gives better digestion efficiency than trypsin alone. Furthermore, the digestion of proteins with intact disulfide bonds might lead to low digestion efficiency, since some parts of the protein may not be well exposed to enzymes when the disulfide bonds are intact (nonreduced protein).
As mentioned earlier, the most important consideration during sample preparation for disulfide analysis is to prevent the formation of nonnative disulfide bonds. Therefore, as with the case for alkylation, the pH and temperature are also critical during digestion. Proteolytic digestion is commonly done at 37°C, where no scrambling occurs. Wang et al. [58] recently showed that trypsin plus Lys-C digestion can also be highly efficient at room temperature. Additionally, pH is, again, a critical factor in preventing disulfide shuffling during protein digestion. Since disulfide artifacts can be introduced when samples are prepared at alkaline pH [59, 60] , neutral or slightly acidic pH is preferred for protein digestions for disulfide bond mapping. Recently, Sung et al. [57] investigated disulfide scrambling in lysozyme and bevacizumab (an IgG1 antibody drug) on digestion with trypsin, trypsin plus Glu-C, and Lys-C at pH 6 and 7, and thermolysin at pH ranging from 5 to 7. No disulfide scrambling was observed when the proteins were digested with trypsin, trypsin plus Glu-C, and Lys-C at pH 6. However, disulfide scrambling was observed when digestion was done at pH 7 with the same enzymes, and at pH 5-to 7 with thermolysin [57] . Similarly, low levels of disulfide scrambling have also been reported when trypsin or Lys-C and trypsin were used for protein digestion at pH 6.8 [58, 71, 74] . Nonetheless, disulfide scrambling at neutral or slightly acidic pH may depend on a variety of conditions in addition to pH, since no scrambling was observed when disulfide mapping of bovine fetuin was performed after trypsin digestion in buffers at pH 5.5, 6.5, and 7 [75] . In some cases, disulfide scrambling at slightly acidic pH may result from the lack of effective alkylation of any free Cys residues before digestion. One useful strategy in determining whether a particular digestion condition would introduce artifacts is to check the sample preparation method with use of a standard protein whose disulfide bonding is known before an unknown protein is analyzed; this strategy has been demonstrated previously [75] . It is worth noting that trypsin and Lys-C digestion at slightly acidic pH can lead to missed cleavages because of incomplete digestion, Fig. 4 Examples of different types of disulfide-bonded peptides (DSBPs) in a variety of proteins. Aspartic acids in green (D) represent previous asparagine residues that were converted to aspartic acids after deglycosylation with peptide N-glycosidase F (PNGase F). DSB disulfide bond, gp140 glycoprotein 140, rhASA recombinant human arylsulfatase A as the optimal efficiency of the enzymes is at pH 8.0 and in the pH range from 8.0 to 8.8, respectively [70] ; therefore, a single set of digestion conditions is not necessarily optimal for every protein.
To completely eliminate the possibility of disulfide scrambling, proteins can be digested with pepsin, which efficiently digests proteins at highly acidic pH (pH < 2) [71, 74, 76] , where the formation of nonnative disulfides via free Cys reactivity is not possible. However, pepsin is less specific than trypsin or Lys-C, and it may produce very small disulfidebonded peptides that would be difficult to separate and analyze. Nonetheless, the use of separate pepsin and trypsin (pH 6) digestions could be helpful for unambiguous assignment of disulfide bonds in cases where ambiguity in the disulfide bond pattern has been a problem [76] .
Sample preparation of glycoproteins
Disulfide bond analysis of glycoproteins may require deglycosylation before mass spectrometric analysis. To decide whether or not a glycoprotein needs to be deglycosylated, the glycosylation sites of the protein must first be identified, and in silico digestion using an enzyme of choice (or a combination of enzymes) can be performed before sample preparation to determine if Cys-containing peptides that are disulfide linked would contain occupied glycosylation sites. For some glycoproteins (e.g., monoclonal antibodies) deglycosylation is not necessary because the disulfide-bonded peptides resulting from digestion using the commonly used enzymes usually do not contain a glycosylation site [65] . However, other glycoproteins may contain one or more occupied glycosylation sites near Cys residues involved in a disulfide bond. In such cases, a deglycosylation step must be added to the sample preparation to reduce the complexity of the MS/MS data of the disulfide-bonded peptides because glycosylation cannot be simply regarded as a modification on the peptide chains [71, 75, 77] . For example, trypsin digestion of the HIV-1 Env sequence variant C97ZA012 gp140, which contains 25 N-linked glycosylation sites and 10 disulfide bonds, resulted in seven tryptic, disulfide-linked peptides that all contain at least one occupied glycosylation site in the disulfide-linked chains [75] . One of the tryptic digests was a four-chain disulfide-linked peptide with six occupied glycosylation sites. For such complex cases, deglycosylation is a necessary first step.
Deglycosylation is typically done enzymatically with peptide N-glycosidase F at neutral or slightly acidic pH [71, 75, 78] , and the reaction can take several days if the protein is heavily glycosylated [75, 78] . Hence, proper Cys alkylation must be achieved to prevent disulfide shuffling during such long incubation periods. In addition, deglycosylation converts the occupied asparagine residue to an aspartic acid residue, leading to a 0.985-Da mass change that must be considered when one is calculating the molecular masses of the deglycosylated disulfide-linked peptides.
Liquid chromatographic-mass spectrometric disulfide bond analysis of proteins
Separation of protein digests
Disulfide bond mapping by LC-MS requires the separation and ionization of protein digests before mass spectrometric analysis. The most widely used separation technique is reversed-phase LC by means of columns packed with either C 8 or C 18 stationary phases and mobile phases consisting of polar (e.g., water) and nonpolar (e.g., acetonitrile) solvents containing modifiers such as formic acid and trifluoroacetic acid (0.01-0.1%, v/v). Different types of columns can be used for peptide separation, including microbore (e.g., 1.0-and 2.1-mm internal diameter) [54, 79] , capillary (e.g., 0.5-mm internal diameter) [80] and nano (typically 0.075-mm internal diameter) [65] columns. The typical particle size is between 3 and 5 μm. Columns packed with 1.7-μm particles are becoming more common, but they require much higher pressures for separation, as pressure is inversely related to the square of the particle diameter.
Peptide separation is usually followed by online electrospray ionization and tandem mass spectrometric analysis. However, in some cases, where the disulfide-linked peptides to be analyzed are very large and in low abundance, offline liquid chromatographic fractionation can be used to collect and concentrate fractions containing the disulfidelinked peptides (and further digestion is performed if necessary) before tandem mass spectrometric analysis [5] .
Fragmentation techniques for disulfide bond analysis
Collision-induced dissociation (CID), where a neutral reagent gas collides with the analyte ion, and electron transfer dissociation (ETD), where an electron carrier reacts with the ion of interest, are the most commonly used fragmentation techniques for MS-based disulfide bond analysis [54, 80, 81] . Figure 5 shows CID and ETD spectra of a simple interchain disulfide-bonded peptide from IgG3 monoclonal antibody that exhibits the characteristic fragment ion peaks that result from subjecting disulfide-bonded peptides to CID (Fig. 5a) and ETD (Fig. 5b) fragmentation.
CID typically leads to the fragmentation of the peptide backbone (amide) bonds, while leaving the disulfide bond intact, hence producing b and y ions that contain the disulfide bond (ions in red in Fig. 5a ), as well as ions that do not contain the disulfide bond (ions in green in Fig. 5a ). Although assignment of CID-generated product ions of disulfide-bonded peptides was previously based on the assumption that only one peptide bond is cleaved during CID, Clark et al. [80] recently showed that cleavage of two peptide bonds (double cleavage) is common during CID fragmentation of disulfide-linked peptides. The ions in red parentheses in Fig. 5a are examples of this type of cleavage. Although CID does not typically cleave disulfide bonds, a few instances have been reported where thioaldehydes, persulfides, and dehydroalanine ion peaks resulting from cleavage of the C-S and S-S (disulfide) bonds are present in CID spectra [72, 82] .
In contrast to the product ions generated from CID of disulfide-bonded peptides, cleavage of the disulfide bond is the primary reaction pathway during ETD fragmentation. Backbone (amide) cleavage also occurs, by generation of c and z ions, although this fragmentation pathway generally occurs to a lesser extent [83, 84] . As a result, fragment peaks corresponding to the disulfide-linked peptides (e.g., peaks at m/z 250.4 and 1179.3 in Fig. 5b ) are usually more intense in ETD spectra than c/z ion peaks [53, 54, 83] . Ions resulting from backbone fragmentation of the bonded peptides may or may not contain the intact disulfide bond (fragment ions in red and green in Fig. 5b) .
Besides CID and ETD, higher-energy collisional dissociation (HCD) [85] and a dual fragmentation technique known as electron-transfer and higher-energy collision dissociation (EThcD) [86, 87] are newer fragmentation techniques available in some Orbitrap mass spectrometers, and they are gaining ground in disulfide bond analysis [69, 74, 79] . HCD has a fragmentation pattern similar to that of beam-type CID [88] , and it produces only b/y ions, while EThcD spectra exhibit product ions present in both ETD and CID spectra, and it has outperformed ETD in comparative studies [74] . In addition, ultraviolet photodissociation is another fragmentation technique that is being applied for disulfide bond analysis [89, 90] . Fragmentation of disulfide-linked peptides by ultraviolet photodissociation leads to selective scission of the disulfide bond, as observed under ETD conditions [90] .
Considerations for selecting fragmentation techniques for disulfide bond analysis
Choosing a suitable fragmentation technique or combination of techniques for data acquisition is vital in facilitating disulfide bond assignments from MS/MS data. The choice of a fragmentation method is typically based on the complexity of the disulfide linkages, the size of the disulfide-bonded peptides, and, to a lesser extent, the amino acid sequence of the bonded chains. Although either CID or ETD can be used to assign disulfide linkages in simple interchain disulfide-bonded peptides (as shown in Fig. 5 ), careful choice of a fragmentation method is necessary for the assignment of complex disulfide linkages involving either intrachain or both interchain and intrachain disulfide bonds, large disulfide-bonded peptides with multiple peptide chains, and very small disulfide-bonded peptides. ETD is preferred for the fragmentation of peptides that are completely cyclized by a disulfide bond, as recently demonstrated by Cole et al. [91] . CID fragmentation of such peptides would typically not reveal any backbone sequence ions, whereas ETD leads to cleavage of the disulfide bond and the peptide backbone, thereby revealing ions that can be used to assign the disulfide bond [91] . ETD followed by a CID-MS 3 step, as reported by Wu et al. [52] , as well as a fragmentation technique involving hydroxyl radical addition followed by CID fragmentation, as reported by Durand et al. [92] , can also be used to map such disulfides.
For complex disulfide cases, such as nested disulfides and Cys knots, neither ETD nor CID may be sufficient as a standalone technique to unambiguously assign the complex disulfide bond connectivity. In such cases, methods involving combined ETD and CID fragmentations would be ideal to decipher the disulfide connectivity [71, 93] . The EThcD fragmentation method could be promising in mapping these complex disulfides, but it has not yet been applied to such cases.
In terms of size, ETD is preferable for the assignment of large disulfide-bonded peptides containing three or more peptides linked by interchain disulfide bonds. Such large peptides can easily ionize in sufficiently high charge states for ETD analysis, since ETD requires highly charged ions for efficient fragmentation. Because of preferential cleavage of the disulfide bonds, ETD spectra of large multichain disulfide-bonded peptides are less complex, and they clearly reveal which peptides are directly linked to each other [75] . However, CID spectra of such large disulfide-linked peptides are complex and difficult to assign (e.g., because of several double cleavages), and the spectra do not reveal which of the peptide chains are directly bonded to each other. For example, Go et al. [75] assigned a three-chain disulfide-linked peptide using both CID and ETD spectra, but only ETD was used to unambiguously assign a four-chain disulfide-linked peptide. The ETD spectra of the three-chain and the four-chain disulfide-bonded peptides clearly indicated the chains that were disulfide linked to each other [75] .
In contrast, CID is ideal for analysis of small disulfidebonded peptides and disulfide-linked peptides with peptide chains that contain several adjacent proline residues. CID is preferable in such cases because small disulfide-bonded peptides may not ionize in high charge states, which are required for ETD analysis, and peptide chains containing adjacent proline residues fragment efficiently when subjected to CID fragmentation but not ETD fragmentation, because of the N-C α ring structure of proline [94] . For example, the hinge region of IgG3 contains a small dipeptide, CPEPK linked to CPEPK, and SCDTPPPCPR disulfide linked to SCDTPPPCPR, and a recent analysis of IgG3 disulfide bonds showed that these peptide chains did not fragment well under ETD because of the small size (for the first disulfide-linked peptide) and several adjacent proline residues on the peptide chains (for both disulfide-linked peptides), but they were unambiguously assigned with use of CID data [54] . Hence, in addition to the size of a disulfide-linked peptide, the amino acid sequences of the Cys-containing peptides could also be a factor in selecting an efficient fragmentation technique for disulfide analysis.
Given these explanations, it is imperative for researchers to do in silico digestion of a protein so as to study the possible types of disulfide-linked peptides (see Fig. 4 ) and decide which fragmentation method (or combination of methods) would be suitable for unambiguous mapping of the disulfide bonds in the protein of interest. In general, the collection of both ETD and CID data proves to be very useful, since the data sets are so complementary [53, 54] .
Bottom-up methods for disulfide bond analysis
A variety of bottom-up mass spectrometric methods based on the aforementioned fragmentation techniques have been reported in recent years. Figure 6 shows a schematic representation of bottom-up approaches for disulfide bond analysis. The methods generally fall into two broad categories: disulfide bond mapping from (1) reduced and nonreduced protein digests (profile comparison) and (2) only intact (nonreduced) protein digests. The second category can be further divided into methods that require chemical or electrochemical postcolumn reduction of disulfide bonds or reduction of the disulfide bonds in the gas phase (ETD and EThcD fragmentations) and those that do not require any reduction (typically CID and HCD methods). In the following sections, we review the bottom-up methods that have been developed in the past decade.
Profile comparison: reduced and nonreduced analysis
Disulfide bond mapping by profile comparison is usually done with two samples: a protein digest without reduced disulfide bonds (nonreduced sample) and a digest with reduced disulfide bonds (reduced sample). The two samples are separated in two LC runs (experiments), and peptides that are present in the ultraviolet or total ion chromatogram profile of the nonreduced sample but are absent in that of the reduced sample are generally considered to be disulfide bonded, and MS/MS data can be used to assign the disulfide bonds [55, 56, 77] .
We present three recent examples where complete or partial reduction of the disulfide bonds was used to assist in disulfide mapping. Researchers at Genentech used the reduced and nonreduced peptide mapping technique to assign the disulfide bonds of an unusual IgG1 antibody variant that was identified after size-exclusion chromatography [95] . Results from several experiments suggested that the monoclonal antibody variant contained an extra light chain connected to the IgG1 monomer via a disulfide bond. LC-MS/MS analyses of the nonreduced and reduced digests of the variant were used to confirm the disulfide linkage site of the extra light chain to the IgG1 monomer. In a second related example, an approach that deviates from the standard profile comparison method was reported by Klapoetke and Xie [96] . To alleviate the need for preparing and analyzing two separate samples, they conducted a partial reduction of the disulfide bonds and alkylated the resulting free Cys, before enzymatic digestion. LC-MS/MS data from the mixed sample, containing partially reduced and nonreduced disulfide-linked peptides, was used to assign the disulfide bonds of the protein. The method is suitable to assign complex disulfides such as Cys knots, while simple disulfides can be mapped by a nonreduced sample [96] . A partial reduction approach was also used by Albert et al. [97] to properly assign disulfide linkages in disulfide-rich peptides. The peptides were immobilized on a stationary phase, so only one disulfide linkage could be reduced at a time, and sequential alkylation steps with differential alkylating reagents were used to elucidate disulfide connectivity. The challenging aspect of these approaches is to optimize the reducing agents to obtain partial reduction, as well as to optimize the alkylating agent to completely alkylate the reduced species. A shortcoming of the techniques that require disulfide reduction in the workflow is the need to prepare and analyze two samples or to work out sample preparation conditions that afford partial reduction, thereby increasing sample preparation and analysis time.
Intact (nonreduced) analysis
An alternative approach to mapping disulfide bonds is peptide mapping of nonreduced protein digests (intact digests) without the need for reduced aliquots. The methods for disulfide bond assignment from nonreduced protein digests can be divided into three categories: methods involving postcolumn chemical or electrolytic reduction of the disulfide bonds, those involving gas-phase reduction of the disulfide bonds, and methods that do not involve cleavage of the disulfide bonds. In this section, we describe the methods that fall in the first two categories. For the last category, the disulfide bonds are typically assigned by peptide mapping using CID data by calculation of theoretical m/z values (at different charge states) of the expected disulfide-bonded peptides and searching for the calculated values in the MS data; the ions are assigned by identification of the characteristic fragment ions in the MS/MS spectra [78, 80] . Several automated tools have been developed to identify disulfide-bonded peptides without cleavage of the 
ostcolumn reduction methods
Several methods have been developed whereby nonreduced protein digests are separated by LC followed by postcolumn partial reduction of disulfide-bonded peptides before mass spectrometric characterization, typically with CID fragmentation. Postcolumn reduction of disulfide bonds can be done chemically by introduction of a reducing agent such as tris(2-carboxyethyl)phosphine (TCEP), by in-source reduction during ionization, or electrochemically, via an increased potential on an electrochemical cell placed in the flow path from the column.
Postcolumn chemical reduction of disulfide-bonded proteolytic digests typically involves separation of the nonreduced protein digests by reversed-phase LC, and the eluates from the column are mixed (via a mixing tee) with an optimized amount of a reducing agent (e.g., TCEP) to partially reduce the disulfide bonds, as demonstrated by Li et al. [98, 99] . Since only partial disulfide bond reduction occurs after liquid chromatographic separation, disulfidelinked peptides with intact disulfide bonds and their corresponding Cys-containing peptides that resulted from the disulfide bond reduction would have the same retention time and would both be detected in the same full-scan mass spectrum. To identify disulfide-bonded peptides, the extracted ion chromatograms of all Cys-containing peptides are compared, and the Cys-containing peptides that have the same retention time are assigned as disulfide bonded [98, 99] . The assignments are confirmed by the presence of a disulfide-linked peptide with the same retention time with a molecular mass corresponding to the sum of the molecular masses of the two Cys-containing peptides minus 2 Da. Scrambled disulfide bonds are readily assigned in the same manner [99] . Liu et al. [100] used this approach to map the disulfide bonds of an IgG2 antibody, but instead of using only LC-MS data, LC-MS/MS (CID) data were used for unambiguous characterization of the LC peaks of the disulfide-bonded peptides and those of their corresponding Cys-containing peptides.
Besides chemical reduction, in-source reduction during electrospray ionization can be used for partial reduction of disulfide-linked peptides, as shown by Cramer et al. [79] . Postcolumn in-source reduction, followed by HCD analysis of the partially reduced peptides, was used to develop a method capable of assigning complex intrachain and interchain disulfide bonds in proteins, including disulfide bonds involving closely spaced Cys residues [79] .
Disulfide bond characterization methods involving postcolumn electrochemical reduction of disulfide bonds before mass spectrometric analysis are also emerging. Cramer et al. [101] recently demonstrated that disulfide bond assignment in small proteins, such as human insulin, can be done by direct infusion of the intact protein into an electrochemical cell for partial reduction of the disulfide bonds from the intact protein, followed by MS/MS (CID fragmentation) to confirm the sequence coverage of the protein. For larger proteins (e.g., human serum albumin and RNase B), proteolytic digestion and liquid chromatographic separation of the protein digests are necessary before postcolumn electrochemical reduction of the disulfide-bonded peptides and tandem mass spectrometric fragmentation, as recently demonstrated by Switzar et al. [102] . A rapid method using on-column proteolytic digestion and electrochemical reduction was reported by Zheng et al. [103] and Zhang et al. [104] . In this approach, an online pepsin column is used for rapid digestion of intact proteins, and disulfide-bonded peptides are partially or completely reduced with use of different electrochemical potentials, followed by desorption electrospray ionization MS/ MS [103] . This online digestion approach provides unprecedented digestion and reduction speeds (less than 10 min) and very low potential for inducing disulfide artifacts because of less sample handling and pepsin digestion at low pH.
In general, although the chemical and electrochemical postcolumn partial reduction methods do save sample preparation time (compared with the case of reduced and nonreduced samples), optimizing the reduction conditions to get sufficient signals for both the reduced and the nonreduced peptides is a major challenge.
Gas-phase dissociation (reduction) methods
Because ETD mainly cleaves disulfide bonds (gas-phase reduction), leading to intense Cys-containing peptide product ions, several disulfide bond characterization methods have been developed that take advantage of the unique ETD fragmentation pattern to analyze nonreduced protein digests for disulfide bond mapping. Jiang et al. [105] reported a method that combines alternating ETD/CID fragmentation (MS 2 ) of the disulfide-bonded peptides and CID-MS 3 fragmentation of the Cys-containing fragment ions that resulted from the ETD-MS 2 dissociation of disulfide bonds. This method is suitable to map disulfidebonded peptides containing complex disulfide linkages, such as nested disulfides and Cys knots [71] , as well as peptides completely cyclized by a disulfide bond [91] . However, because of the enormous amount of data generated because of the additional CID step, the method may not be necessary for samples that do not contain complex disulfides. Recently, Massonnet et al. [93] reported a similar technique for disulfide bond assignment of peptides containing two disulfide bonds. After opening of the disulfide bonds by ETD, the generated species are separated by ion mobility before characterization of the separated ions by CID fragmentation [93] .
Clark et al. [53] reported a much simpler ETD-based method that is suitable for samples containing simple interchain disulfide-bonded peptides, including disulfides with multiple (three to four) disulfide-linked chains. The method does not require an MS 3 step, and instead of searching the m/z values of all expected (known) disulfides and possible scrambled disulfides, the extracted ion chromatograms of all Cyscontaining peptides are generated, and the ETD spectra of the peaks in the extracted ion chromatograms are interrogated to determine the bonding partner(s) of the Cys-containing peptides [53, 54] . Disulfide assignments are made when fragment ions of Cys-containing peptides are identified in the same ETD spectrum, and the sum of their masses minus 2 Da (mass of 2H) matches the mass of the expected disulfide. The c and z ions resulting from backbone cleavage of the bonded peptides can be used to further confirm the identities of the bonded chains [54] . This extracted ion chromatogram approach is suitable to map the disulfide bonds in proteins whose disulfide connectivity is unknown and also to quickly verify nonnative or alternative disulfide bonds. Figure 7 shows extracted ion chromatograms used to assign both correct and scrambled disulfide linkages in an IgG antibody. In addition, the extracted ion chromatograms of Cys-containing peptides can also provide information about any free Cys in the protein without the need for differential alkylation [106, 107] .
Similarly to ETD fragmentation, ultraviolet photodissociation of simple interchain disulfide-bonded peptides can be used to map disulfide bonds in proteins, as demonstrated by Agarwal et al. [90] . After separation of nonreduced protein digests by LC, irradiation of disulfide-linked peptides, including three-chain disulfide-linked peptides, with laser pulses at 266 nm in an ion-trap mass analyzer, led to selective cleavage of disulfide bonds, thus revealing the disulfide-bonded peptides. However, backbone cleavage of the Cys-containing peptides is not typically observed with this approach [90] .
Software for automated disulfide bond assignment
Manual analysis of disulfide bonds in proteins is a challenging and time-consuming task that requires expertise in the field. As such, an increasing number of automated tools have been developed for rapid and high-throughput protein disulfide bond assignment using MS/MS data. Automated tools are urgently needed when lots of samples need to be routinely analyzed, as is the case in the biopharmaceutical industry. Most of the tools that have been developed are based on the nonreduced analysis workflow, although a few tools also have the option to map disulfide bonds by comparing data from reduced and nonreduced samples.
MassMatrix, developed about a decade ago, is one of the prominent tools for automated assignment of disulfide-linked peptides from nonreduced protein digests [108] . Assignments are solely based on fragment ions from the backbone cleavage of the bonded peptides. This is a shortcoming of the tool, because only a limited number of ions are considered for disulfide bond assignment. Most importantly, fragment ions containing the disulfide bonds are not considered for disulfide bond mapping. Several tools have since been developed that address this problem. DBond [72, 82] and MS2DB+ [109, 110] can map disulfides from MS/MS data using several characteristic fragmentation peaks of disulfide-bonded peptides, including b/y or c/z ions containing intact disulfide bonds. Whereas DBond assigns dipeptides solely from CID data, and includes ions resulting from the occasional CID cleavage of C-S and S-S bonds (resulting in thioaldehydes, persulfides, and dehydroalanine ions) [72, 82] , MS2DB+ can assign disulfides from either CID or ETD data, and the fragment ions considered for CID data include ions resulting from the loss of water or ammonia from b/y ions. For both software products, the theoretical m/z values of all possible disulfide-bonded peptides are searched for in the MS data, and their precursor ions identified are automatically assigned by comparison of theoretical and experimental MS/MS spectra of the disulfidebonded peptides. In addition, the tools score the assigned disulfide-bonded peptides on the basis of the number of matched fragment ions and their intensities.
A unique algorithm known as rapid assignment of disulfide linkage via a 1 ion recognition (RADAR) that assigns disulfide-bonded peptides on the basis of dimethyl labeling of the N-termini of the bonded chains was reported by Huang et al. [111] , and has been applied for disulfide bond assignment in monoclonal antibodies [112] . Dimethyl-labeled peptides produce intense a 1 ion signals in CID spectra, which are used to screen the spectra for disulfide-bonded peptides. Because these species mostly contain two or more peptide chains, the CID spectra would have two or more a 1 ion peaks, and RADAR rapidly screens the spectra for disulfide-linked peptides by first searching for such spectra that contain multiple a 1 ion peaks [111] . Cys-containing peptides whose a 1 ions are found in the same spectrum are considered to be disulfide bonded, and they are confirmed by matching of the precursor ion mass to the molecular mass of the predicted disulfide-linked peptide, followed by assignment of the fragment ions (b/y ions) resulting from fragmentation of the disulfide-bonded peptide chains [112] . The experimental workflow for RADAR analysis and sample MS/MS data are shown in Fig. 8 . This approach is suitable for rapid identification of disulfides, including scrambled disulfides, because prior knowledge of the disulfide connectivity is not required. Intrachain disulfides in a single peptide can be assigned in a similar manner but instead of searching for multiple a 1 ions in the CID spectra, a specific (target) a 1 ion corresponding to the N-terminal of the peptide can be searched for. The software is effective for disulfide mapping in complex protein mixtures (containing more than 20 disulfide bonds) and for rapid verification of disulfide scrambling [113] .
Tools that assign disulfide bonds from HCD and EThcD data have also been developed in the last decade. The software tool, pLink-SS, was introduced in 2015 by Lu et al. [69] for automated disulfide bond assignment in proteins using HCD data. The software was used to map simple and complex disulfides from a purified protein (IgG), a mixture of ten proteins containing 74 disulfide bonds, and at the proteome level (199 disulfide bonds in 150 proteins from Escherichia coli) with use of HCD data [69] . The software tool, SlinkS, assigns interchain and intrachain disulfide bonds by matching experimental MS/MS fragment ions from ETD and EThcD spectra to in silico fragments [74] . For assignments from ETD data, the software searches for marker ions corresponding to the masses of the disulfide-linked peptides, as well as c/z ions with and without disulfide bonds, and b/y ions are also included in the search when disulfide bonds are being assigned from EThcD data. The assigned disulfide-linked peptides are scored, and false discovery rates are calculated on the basis of user-defined cutoff values.
Besides the aforementioned tools, several commercial software products are available for automated analysis of protein disulfide bond connectivity using MS/MS data, particularly in protein pharmaceuticals. These include BioConfirm (Agilent Technologies), Byologic (Protein Metrics), DisulfideDetect (Bruker), PepFinder, BioPharma Finder, and Pinpoint (Thermo Fisher Scientific), BioPharmView (SCIEX), and BiopharmaLynx (Waters). Although tools such as DisulfideDetect require only nonreduced protein digest for disulfide analysis, PepFinder and BioPharma Finder can map disulfide-bonded peptides using either nonreduced protein digests or both reduced and nonreduced protein digests.
Although the automated assignment of disulfidebonded peptides has facilitated disulfide analysis of proteins, there is still room for improvement in this field. Most of the tools developed so far can readily assign simple interchain disulfide-linked peptides but would not readily assign disulfide-bonded peptides containing complex intertwined disulfide linkages involving both interchain and intrachain disulfide bonds, nested disulfides, and dipeptides with more than one interchain disulfide bond (disulfide box). Although several approaches can be used to manually assign the disulfide bonds in these complex cases [114] , software that can readily assign such disulfide-bonded peptides remains elusive.
Challenges in disulfide bond analysis
Despite the existence of high-resolution mass spectrometers, automated tools, and several strategies to map disulfide bonds in proteins, there are still some challenges that can be encountered during disulfide bond assignments. When nonnative disulfide bonds are identified after bottom-up disulfide analysis, it is difficult to tell if they are disulfide artifacts introduced during sample preparation or if they are alternative disulfide bonds (disulfide variants) present in the sample. One way to verify if disulfide artifacts are introduced during sample preparation is to validate a method with use of a protein whose disulfide bond connectivity has been well characterized [78] . In addition, top-down analysis of the intact protein requires less sample handling, and it would be an important first step in pinpointing the source of nonnative disulfide bonds [115] . Finally, when proteins have been identified to contain alternative disulfide bonds (disulfide-mediated isoforms), quantifying the amount of the protein that contains the native and alternative disulfide bonds remains a challenge because often the disulfide-mediated isoforms would not be easily separated by standard separation techniques. State-of-the-art separation methods are a possible way forward for solving this problem, although separations of disulfide-bond-mediated isoforms have yet to achieve baseline resolution [116, 117] . 
Conclusion
It is important to confirm the global disulfide bond structure of a particular protein and to verify whether or not any disulfidemediated isoforms [5] or variants [95] are present since different disulfide bond connectivity could result in different protein structures and biological functions. Several bottom-up mass spectrometric approaches have been developed for this purpose. In silico digestion is an important first step for disulfide mapping to decide what enzyme (or combination of enzymes) to use so as to obtain simple disulfide-bonded peptides that are easy to analyze. The in silico digestion can also be used to help decide what fragmentation technique would be suitable for easy and rapid assignment of spectra of disulfidebonded peptides. Most disulfide mapping methods are based on CID and ETD fragmentation techniques, but with newer fragmentation techniques such as EThcD and HCD, additional disulfide mapping methods involving these techniques will likely be developed. From a data analysis point of view, software tools will need to be developed for automated characterization of disulfide-bonded peptides with complex disulfide bond connectivity. Finally, quantitation of disulfide variants remains a challenge.
